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Introduction
The degradation of fatty acids through -oxidation provides a
major energy source to tissues such as liver, heart and skeletal
muscle. These energy-rich fatty acids are stored in the form of
neutral lipids, TAG and steryl esters (STE), within a dedicated
intracellular compartment termed the lipid droplet (LD).
Understanding the biogenesis of LDs during lipogenesis and their
function in lipolysis is crucial to the etiology of lipid storage
diseases, including type 2 diabetes (Ducharme and Bickel, 2008).

The basic structure of LDs is conserved in all eukaryotic cells.
They contain a core of neutral lipids that is surrounded by a
monolayer of phospholipids and a limited number of associated
proteins (for reviews, see Fujimoto et al., 2008; Olofsson et al.,
2009). The fact that LDs can be isolated to high purity has allowed
the determination of associated proteins under various experimental
conditions and in a range of cell types and organisms. Such
proteomic studies have yielded inventories of LD-associated
proteins that are indicative of possible interactions of LDs with
other organelles, and also suggest a possible function of LDs as
storage organelles for selected proteins, or as traps for unfolded or
aggregated proteins (for a review, see Welte, 2007).

LDs are generally believed to form from discrete regions of the
ER, where neutral lipids are synthesized, and they then aggregate
within the hydrophobic core of the ER membrane. Upon reaching
a critical size, LDs are then thought to bud from the ER to form
an independent organelle, surrounded by a membrane monolayer
that is derived from the cytoplasmic leaflet of the ER membrane.

Even though this is a frequently postulated model for LD
biogenesis, actual data supporting this model are rare, and
alternative mechanisms for the biogenesis of LDs have also been
proposed (for reviews, see Fujimoto et al., 2008; Kalantari et al.,
2010; Murphy and Vance, 1999; Ploegh, 2007; Robenek et al.,
2009; Waltermann et al., 2005).

LDs in yeast serve the same function and are structurally related
to those of mammalian cells and plants (Leber et al., 1994).
Synthesis of neutral lipids and thus LD biogenesis in yeast is under
the control of four enzymes, two of which produce TAG and two
make STE (Czabany et al., 2007). The acyl-CoA:sterol
acyltransferases, Are1 and Are2, are polytopic ER membrane
proteins that synthesize STE, whereas both Lro1 and Dga1 produce
TAG. LRO1 encodes a lecithin cholesterol acyltransferase (LCAT)-
related protein that synthesizes TAG through transesterification of
a fatty acid from phospholipids to diacylglycerol, whereas Dga1
catalyzes the acyl-CoA-dependent synthesis of TAG from
diacylglycerol (Dahlqvist et al., 2000; Oelkers et al., 2000; Oelkers
et al., 2002; Sorger and Daum, 2002). Neutral lipid synthesis and
storage are dispensable for the viability of Saccharomyces
cerevisiae because a quadruple mutant lacking all four biosynthetic
enzymes is viable, makes no storage lipids and lacks detectable
LDs (Oelkers et al., 2002; Sandager et al., 2002).

Targeting of proteins to LDs appears to be conserved across
species because proteins associated with LDs in plant cells, for
example, retain their LD localization when expressed in mammalian
cells, yeast, or bacteria (Hanisch et al., 2006; Kurat et al., 2006;
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Ting et al., 1997; Zehmer et al., 2008). However, how these
proteins become localized to LDs is less well understood. LD-
localized proteins do not contain conserved targeting sequences,
but many of them contain hydrophobic sequences that harbor
targeting information, because deletion of such sequences abolishes
the localization of the truncated proteins to the LD and their
addition to reporters is frequently sufficient for targeting to LDs
(Abell et al., 2004; Hope et al., 2002; Ingelmo-Torres et al., 2009;
Mullner et al., 2004; Ostermeyer et al., 2001; Subramanian et al.,
2004; Zehmer et al., 2008).

In this study we use yeast strains in which the de novo formation
of LDs is induced through the expression of enzymes that catalyze
formation of TAG. This inducible system allowed us to monitor
the biogenesis of LDs and the transport of membrane-bound LD-
marker proteins from the ER membrane to the newly made LDs.
The results obtained indicate that LDs are formed at the ER
membrane where they rapidly become decorated with LD marker
proteins. Photobleaching experiments indicate that newly
synthesized membrane proteins reach LDs through a temperature-
and energy-independent process and that these membrane proteins
are free to move over the LD surface. The exchange of membrane
proteins between the ER membrane and LDs is bidirectional, as
indicated by the observation that lipolysis induces the back transport
of LD-localized membrane proteins to the ER membrane, and the
fact that constant photobleaching of the ER membrane reduces
fluorescence of LD-localized proteins. Collectively, these data
indicate that LDs do not constitute an independent cytosolic
organelle, but that they are functionally connected to the ER
membrane, possibly through a membrane bridge that allows the
lateral partitioning of membrane proteins and possibly lipids
between the two compartments through a temperature- and energy-
independent, probably diffusion-driven mechanism.

Results
We have previously identified a family of lipases that catalyze
degradation of steryl esters. Two of these lipases, Tgl1 and Yeh1,
localize to LDs, have predicted transmembrane domains, and
biochemically behave as integral membrane proteins (Koffel et al.,
2005). We wondered, therefore, how membrane proteins that are
first integrated into the ER through translocon-mediated membrane
insertion would reach LDs. We thus decided to investigate the
targeting of membrane proteins from the ER to LDs in more detail.

Therefore, we first examined the fate of LD-localized integral
membrane proteins in yeast cells that have no STE (are1 are2),
no TAG (dga1 lro1) or no neutral lipids at all and hence no LDs
(dga1 lro1 are1 are2). Lack of STE or TAG alone did not
affect LD formation as visualized by Nile Red staining, a lipophilic
dye that specifically stains LDs, and did not affect LD targeting of
GFP-tagged Erg6, a 24 sterol methyltransferase required for the
synthesis of the fungal ergosterol, and an established LD marker
protein (Leber et al., 1994) (Fig. 1A). Erg6–GFP was solubilized
only upon detergent treatment of membranes, and hence
biochemically behaves as an integral membrane protein even
though the protein has no predicted transmembrane domains
(supplementary material Fig. S1). In the absence of LDs, however,
Erg6–GFP was localized to the nuclear and peripheral ER, as
indicated by the circular staining pattern and by its colocalization
with the ER luminal marker protein, Kar2–mRFP–HDEL (Gao et
al., 2005) (Fig. 1A,B). ER localization in the absence of neutral
lipids was not only observed for Erg6 but also for Tgl1 and Yeh1,
and thus is a more general property of LD-localized membrane
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proteins (Fig. 1B). The fact that LD-localized membrane proteins
were confined to the ER in cells that had no neutral lipids indicates
that these proteins are probably first inserted into the ER membrane,
from where they are transported to LDs, or, that their localization
to LDs occurs during biogenesis of LDs themselves and thus may
reflect the biogenetic origin of LDs from the ER membrane.

Induction of neutral lipid formation results in LD formation
at the ER membrane
To examine the fate of ER-localized LD-marker proteins during
the biogenesis of LDs, we generated strains in which the
transcription of genes for enzymes that catalyze the synthesis of
TAG could be induced by a switch in carbon source. Because
strains that express only one of the four neutral lipid biosynthetic

Fig. 1. Localization of LD proteins to the ER in the absence of neutral
lipids. (A)LDs in strains of the indicated genotypes that express the LD
marker protein Erg6–GFP were stained with Nile Red and the colocalization of
LDs with Erg6–GFP was examined by confocal microscopy. ER localization
of Erg6–GFP in the quadruple mutant that lacks neutral lipids is indicated by
arrows. (B)LD proteins (Erg6–GFP, GFP–Tgl1 or GFP–Yeh1) colocalize with
the ER marker Kar2–mRFP–HDEL in the absence of neutral lipids in the
quadruple mutant cells. Scale bars: 5m.
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genes have LDs, induction of TAG synthesis is expected to induce
de novo formation of LDs (Sandager et al., 2002). Yeast has two
enzymes that catalyze TAG formation, Lro1 and Dga1. Because
Lro1 is an ER localized enzyme with one predicted transmembrane
domain, we first examined LD formation and the fate of LD-
localized membrane proteins upon induction of Lro1 (see
http://organelledb.lsi.umich.edu) (Dahlqvist et al., 2000; Oelkers et
al., 2000). Therefore, expression of LRO1 was placed under the
control of a galactose-inducible promoter. Induction of GAL–LRO1
expression in a genetic background in which the other three genes
for neutral lipid synthesis were deleted (dga1 are1 are2)
resulted in the rapid appearance of TAG, as monitored by
radiolabeling of newly synthesized lipids with [3H]palmitate. In
the presence of glucose, i.e. without induction of Lro1, no formation
of TAG was observed, indicating tight repression of GAL-LRO1
expression (Fig. 2A,B).

Next, we examined the localization of the lipid droplet marker
protein Erg6–RFP during induction of TAG formation. Without
induction, Erg6–RFP uniformly labeled the ER membrane and no
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LDs were detectable by staining with the lipophilic fluorescent dye
BODIPY 493/503, which specifically stains LDs, thus confirming
that LD-localized proteins are present in the ER in cells that have
no LDs (Gocze and Freeman, 1994) (Fig. 2C, arrow). Within 30
minutes of Lro1 expression, however, Erg6–RFP lost its uniform
ER localization and was found instead to have a punctate
localization pattern (Fig. 2C, 30 minutes, arrowheads). The punctate
structures that were decorated by Erg6–RFP appeared to localize
to or adjacent to the ER membrane, which remained faintly stained
in these cells. The punctate structures marked by Erg6–RFP also
appeared to contain TAG because they colocalized with BODIPY-
stained structures. The colocalization of the LD-marker protein
Erg6–RFP and BODIPY in punctate structures that localize in or
adjacent to the ER membrane indicates that these structures
represent early stages of LD formation. After 2 hours of LRO1
induction, the number of punctate structures increased to resemble
that of LDs in wild-type cells (Fig. 2C, 120 minutes). Relocation
of Erg6–RFP from an uniform ER distribution to a punctate
distribution was also observed when protein synthesis was inhibited

Fig. 2. Induction of neutral lipid synthesis results in biogenesis of LDs from the ER membrane. (A)Time dependence of GAL-LRO1 induction was followed
by monitoring TAG formation. Cells were cultured in raffinose-containing medium overnight, diluted and switched into medium containing either glucose or
galactose. Lipids were labeled by the addition of [3H]palmitate, samples were removed at the time points indicated and lipids were extracted and analyzed by TLC.
The position of diacylglycerol (DAG), monoacylglycerol (MAG), free palmitic acid (FPA) and TAG is indicated. (B)Quantification of TAG formation upon Lro1
induction. Formation of radiolabeled TAG was quantified by radioscanning of thin-layer chromatograms as shown in A. (C)Induction of neutral lipid synthesis
results in relocation of Erg6–RFP. Cells expressing GAL-LRO1 and Erg6–RFP were switched from raffinose- to galactose-containing medium and the localization
of Erg6–RFP relative to BODIPY-stained LDs was examined at the indicated time points by confocal microscopy. Localization of Erg6–RFP to the ER in the
absence of Lro1 induction is indicated by an arrow. Colocalization of Erg6–RFP with BODIPY-stained punctate structures is indicated by arrowheads. In the panel
to the right, cycloheximide (CHX; 50g/ml) was added 15 minutes after induction of Lro1 and cells were monitored 30 minutes after induction. Scale bar: 5m.
(D)Fractionation of the LD marker proteins Erg6 and Ayr1 upon Lro1 induction. The GAL-LRO1 strain of the indicated genotype was switched from raffinose- to
galactose-containing medium and LDs were isolated by three successive flotations at 0 hours or 1 hour after the galactose shift. Samples were removed from the
cell homogenate (H), each of the flotating fractions (F1, F2, F3), and the relative enrichment of the LD marker proteins Erg6 and Ayr1 or that of the ER luminal
chaperone Kar2 was analyzed by western blotting. Samples were detected with identical exposure settings. Vertical lines indicate lanes that were removed.
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by cycloheximide 15 minutes after induction of Lro1 synthesis,
indicating that the pre-existing pool of Erg6–RFP relocated to
these punctate structures (Fig. 2C, CHX, 30 minutes). This
relocation of ER membrane proteins upon induction of TAG
synthesis was observed not only with Erg6 but also with Tgl1 and
Yeh1 (supplementary material Fig. S2). Thus these data indicate
that induction of TAG formation results in the de novo formation
of LDs in the ER membrane and that ER-localized LD marker
proteins concentrate over neutral lipid-containing structures in the
ER.

To determine whether LD formation through the induction of
LRO1 expression altered not only the subcellular localization of
the LD marker protein Erg6, but also its biochemical fractionation
properties, as would be expected if the protein localized to LDs,
we compared the fractionation properties of Erg6 from cells lacking
LDs with those of cells induced to express Lro1 for 1 hour. LDs
have a characteristic low density and they can be isolated by three
consecutive flotation steps through gradients of reduced density
(12% Ficoll, 8% Ficoll and 0.25 M sorbitol). This fractionation
protocol results in a strong, roughly 100-fold enrichment of neutral
lipids and LD-localized marker proteins in the final floating fraction
(F3) compared with their relative concentration in the cell
homogenate (Leber et al., 1994; Schneiter et al., 1999). Without
induction of LRO1, the two LD marker proteins Erg6 and Ayr1, a
NADPH-dependent 1-acyl dihydroxyacetone phosphate reductase,
were enriched in the first floating fraction (Athenstaedt and Daum,
2000) (Fig. 2D, F1). The same F1 was also enriched in the ER
luminal chaperone Kar2, indicating that Erg6 and Ayr1 are enriched
in an ER fraction in cells that have no LDs, as was observed before
by differential centrifugation (Sorger et al., 2004). However, when
cells were fractionated after induction of LRO1 expression for 1
hour, Erg6 and Ayr1 were strongly enriched in the F3 (Fig. 2D, 1
hour, F3). This enrichment of Erg6 and Ayr1 in F3 was not observed
when the floating fraction was isolated from cells lacking LDs
(Fig. 2D, 0 hours, F3). These biochemical data thus indicate that
induction of LRO1 expression results in the enrichment of LD
marker proteins in a low-density fraction. Because LDs from wild-
type cells are also enriched in F3, we conclude that induction of
LRO1 expression results in the formation of structures with the
same fractionation properties as is characteristic for LDs of wild-
type cells.

The TAG biosynthetic integral membrane protein Dga1
relocates from the ER to LDs
Dga1 catalyzes TAG formation through the acyl-CoA-dependent
acylation of diacylglycerol (DAG) and its activity is present both
in microsomes and isolated LDs (Oelkers et al., 2002; Sorger and
Daum, 2002). To examine this dual localization of Dga1 during
LD biogenesis, we placed expression of an N-terminally GFP-
tagged version of Dga1 under the control of a galactose-inducible
promoter. Expression of GFP–Dga1 in a triple mutant background
(lro1 are1 are2) resulted in the time-dependent formation of
TAG as revealed by labeling with [3H]palmitic acid (supplementary
material Fig. S3). Colocalization of GFP–Dga1 and Erg6–RFP
during LD formation revealed that GFP–Dga1 was localized to the
ER for up to 6 hours during induction. LDs, however, appeared
after just 2 hours of induction, as indicated by the punctate
localization of Erg6–RFP (Fig. 3A). After 8 hours of Dga1
induction, however, GFP–Dga1 labeled punctate structures that
overlapped with those marked by Erg6–RFP, indicating that the
protein had relocated from the ER to LDs (Fig. 3A, 8 hours,
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Fig. 3. Relocation of Dga1 from the ER to LDs. (A)Cells expressing GAL–
GFP–Dga1 and Erg6–RFP in a lro1 are1 are2mutant background were
cultured in raffinose-containing medium and switched to galactose-containing
medium (GAL) for the periods of time indicated, and the localization of GFP–
Dga1 and Erg6–RFP was analyzed by confocal microscopy. Arrows indicate
the ER (circular), arrowheads indicate LDs (punctate). (B)Relocation of GFP–
Dga1 does not depend on its ongoing synthesis. Expression of GFP–Dga1 was
induced for 4 hours, cells were shifted to glucose-containing medium (GLU)
for 8 hours, and the distributions of GFP–Dga1 and Erg6–RFP were monitored
by confocal microscopy. Scale bar: 5m.
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arrowheads). Upon longer times of induction the punctate structures
increased in size and GFP–Dga1 completely colocalized with
Erg6–RFP after 24 hours of induction (Fig. 3A, 24 hours).
Colocalization of Dga1 and Erg6 was also observed if Dga1
expression was first induced by galactose for 4 hours and then
repressed by shifting cells to glucose-containing medium for 8
hours, indicating that the transport of Dga1 from the ER to LDs
reflects movement of the pre-existing protein (Fig. 3B).
Fractionation and protease protection experiments indicate that
Dga1 encodes an integral membrane protein with at least two
transmembrane domains and a topology similar to that of its
DGAT2 orthologs from plants and mammals (Shockey et al., 2006;
Stone et al., 2006) (supplementary material Fig. S4). Because
integral membrane proteins insert into the ER membrane by
translocon-mediated integration of their transmembrane domains,
relocation of Dga1 from the ER to LDs is likely to take place
through a pathway that maintains its membrane insertion.

Analysis of the time-dependent relocation of Dga1 from the ER
to LDs at the ultrastructural level by immunoelectron microscopy
[IEM; using a cryosectioning protocol adapted from the method of
Tokuyasu (Tokuyasu, 1973)] revealed that immunogold-labeling
of GFP–Dga1 decorated the ER membrane in cells that were
induced to express the protein for 4 hours (Griffith et al., 2008)
(Fig. 4C,D). The labeling was highly specific as no background
staining was observed in cells that were cultured without induction
of GFP–Dga1 (Fig. 4A,B). After 8–24 hours of GFP–Dga1
induction, gold particles specifically stained the periphery of
electron-translucent LDs (Fig. 4E–H). The number and surface
area of LDs increased in a time-dependent manner during Dga1
induction (Fig. 5A,C). The surface area of the ER, by contrast,
remained constant (Fig. 5C). However, gold particles were
redistributed from the ER membrane to the LDs, whereas the low
background labeling of mitochondria remained constant (Fig.
5B,D). These data thus strongly support the notion that induction
of Dga1 results in a time-dependent induction of LD biogenesis
and that Dga1 itself shows a time-dependent relocation from its
initial localization in the ER membrane to LDs. The observation
that the gold particles decorate the periphery of the LDs indicates
that Dga1 not only concentrates at sites of contact between the ER
and LDs but that it decorates the entire perimeter of LDs as well.

Relocation of Dga1 to LDs is independent of energy
To examine the relocation of Dga1 from the ER to LDs in more
detail, we first determined whether the late relocation of Dga1
observed upon LD formation is also observed if GFP–Dga1
expression is induced in cells that contain pre-existing LDs.
Expression of GFP–Dga1 in wild-type cells revealed that Dga1
was first homogenously localized in the ER, whereas Erg6–RFP
stained the pre-existing LDs (Fig. 6A). Only after 6 hours of
induction did GFP–Dga1 begin to label punctate structures that
overlapped with Erg6–RFP. These data, therefore, indicate that the
initial localization of GFP–Dga1 to the ER is also observed if cells
contain pre-existing LDs as a result of the activities of the neutral
lipid biosynthetic enzymes Lro1, Are1 and Are2. Thus, relocation
of Dga1 to LDs does not depend on LD formation through Dga1-
dependent induction of TAG synthesis and so is independent of the
time when LDs are formed. Relocation of Dga1 to LDs was also
observed when GFP–Dga1 expression was repressed by shifting
cells to glucose-containing medium after 4 hours of induction,
indicating that relocation is the result of transport of the pre-
existing protein (Fig. 6B).
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To examine the mechanism of the protein transport pathway that
results in relocation of Dga1 to LDs in more detail, we performed
photobleaching experiments (fluorescence recovery after
photobleaching; FRAP). Cells expressing GFP–Dga1 were cultured
in galactose-containing medium for 6–8 hours, and individual LDs
were then photobleached and recovery of fluorescence over time
was recorded. These experiments revealed that LD-localized GFP–
Dga1 recovered from photobleaching to approximately 66.1±6.0%
of the initial fluorescence over a time period of 300 seconds,
indicating that a sizable non-bleached pool of GFP–Dga1 is free to
exchange with the photobleached pool that is localized on LDs
(Fig. 6C). Quantitative analysis of the FRAP results, assuming
diffusion of GFP–Dga1 within the plane of a membrane, revealed
that the LD-localized Dga1 recovered from photobleaching with a
mobile fraction (Mf) of 85% and a half-life (t1/2) of 82.9 seconds
(Ellenberg et al., 1997; Lippincott-Schwartz et al., 2001). When

Fig. 4. IEM to detect the location of GFP–Dga1 at different time points
during induction. Cells expressing GAL–GFP–DGA1 in a lro1 are1 are2
mutant background were cultured in raffinose-containing medium and
switched to galactose-containing medium for the periods of time indicated,
and the location of GFP–Dga1 analyzed by IEM. Cells were collected after 0
hours (A,B), 4 hours (C,D), 8 hours (E,F) and 24 hours (G,H) of induction
and processed for IEM as described in the Materials and Methods.
Cryosections were immunogold labeled to detect the GFP–Dga1 fusion
protein. CW, cell wall; ER, endoplasmic reticulum; M, mitochondrion; N,
nucleus; PM, plasma membrane; V, vacuole. LDs are marked with asterisks.
Scale bars: 200 nm.
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the mobility of Dga1 was analyzed after 4 hours of induction, i.e.
when the protein was still homogenously distributed within the ER
membrane, it had an Mf of 97% and recovered from photobleaching
with a t1/2 of 14.7 seconds. These results indicate that relocation of
the protein to LDs results in a slight decrease in its Mf but in a
substantial increase of its t1/2, suggesting that the mobility of LD-
localized Dga1 is reduced compared with that in the ER membrane.
This reduced mobility of the LD-localized protein might be
explained by the unusual structure and/or composition of the
limiting membrane of LDs or by its transient interaction with a
confined substrate, such as LD-localized DAG. FRAP
measurements of free GFP (Mf97%, t1/20.3 seconds), an ER
membrane protein (Sec63–GFP; Mf70%, t1/28.3 seconds), a
plasma membrane protein (Pma1–GFP; Mf40%, t1/2165.8
seconds) and of an immobile chromatin component (Hhf1–GFP;
Mf8%) indicate that our FRAP measurements monitored the
relative mobility of these different proteins (Malinska et al., 2004;
Nikonov et al., 2002; van Drogen et al., 2001) (supplementary
material Fig. S5A). Fluorescence recovery of GFP–Dga1 cannot
be explained by refolding of the fluorophore after photobleaching
because there is no significant recovery of fluorescence after
photobleaching of whole cells (supplementary material Fig. S5B).
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The observed recovery of LD-localized GFP–Dga1 thus indicates
that the bleached pool of the protein that is localized on LDs can
rapidly exchange with a non-bleached pool of Dga1, possibly via
the ER membrane or through adjacent LDs.

To examine whether synthesis of new proteins was required to
replace the photobleached pool of GFP–Dga1 on LDs, translation
was blocked by treating cells with cycloheximide. FRAP analysis of
cells that were incubated with this drug for 15 minutes before FRAP
found that GFP–Dga1 recovered with a Mf of 60% and a t1/2 of 26.5
seconds, indicating that the exchange of LD-localized Dga1 was
independent of ongoing translations (Fig. 6D, CHX). Moreover, pre-
incubating the cells on ice or depleting ATP levels, by the addition
of azide and fluoride, did not significantly decrease the Mf or the t1/2

of fluorescence recovery of the LD-localized protein (Fig. 6D).
However, under the conditions used here to monitor FRAP of LD-
localized GFP–Dga1, the temperature- and energy-dependent uptake
of the endocytosed fluorescent dye FM4-64 was arrested, indicating
that the temperature- and energy-depletion treatments were effective
(Vida and Emr, 1995) (supplementary material Fig. S6). These
results thus indicate that a pre-existing pool of the membrane protein
GFP–Dga1 can move onto LDs by an energy- and temperature-
independent mechanism. Because vesicle formation and fusion are
energy dependent and sensitive to low temperature, these results
suggest that transport of membrane proteins from the ER to LDs is
independent of classical vesicular transport routes. Consistent with
this notion, mutations that conditionally block formation of COPII-
coated vesicles (sec12), vesicle fusion (sec18) or formation of COPI-
coated vesicles (sec21 and sec27) did not significantly delay
fluorescence recovery of LD-localized GFP–Dga1 upon
photobleaching (supplementary material Fig. S7A,C). Maturation of
a secretory cargo protein, carboxypeptidase Y, however, was either
completely blocked or strongly delayed in these mutants
(supplementary material Fig. S7B,D).

FRAP experiments with another LD-localized membrane-bound
protein, GFP–Erg6, revealed that it also recovered from
photobleaching, albeit with a slightly lower Mf than Dga1
(Mf60%, t1/2132.6 seconds). Similar to that observed for GFP–
Dga1, fluorescence recovery of GFP–Erg6 was independent of
ongoing translation and was also temperature- and energy-
independent (supplementary material Fig. S8). These data suggest
that LD-localized membrane proteins might generally be free to
move onto LDs and that the transport of these proteins relies on a
mechanism that is independent of energy and temperature. The
temperature- and energy-independence of the protein transport
mechanism together with the fact that the observed rate of
fluorescence recovery of Dga1 and Erg6 is characteristic for a two-
dimensional diffusion of membrane proteins, suggest that LD
localization could occur by lateral diffusion of the proteins within
a continuous membrane system (Ellenberg et al., 1997; Lippincott-
Schwartz et al., 2001).

LD-localized membrane proteins encircle the neutral lipid
core and freely move over the LD surface
The rapid recovery of LD-localized membrane proteins observed
by FRAP suggests that LDs stay functionally connected to the ER
membrane and that the transport of membrane proteins from the
ER to LDs might occur through this connection. Morphological
analyses indicate that the ER is frequently in close association with
LDs and that the ER membrane follows the curvature of the LD
surface over some distance (Fig. 4C; Fig. 7A). However, the
precise arrangement between the ER membrane bilayer and the

Fig. 5. Quantitative analyses of the relocation of Dga1 from the ER to LDs
as observed by immunogold labeling. (A)Time-dependent increase in the
number of LDs upon induction of Dga1. The number of LDs per cell section at
each time point was determined in 100 randomly selected cell profiles.
(B)Relocation of GFP–Dga1 over time. The relative abundance of gold
particles on the ER, LDs and mitochondria was determined by counting
particles in the vicinity (≤25 nm) of the organelle of interest. Mitochondria
were selected to estimate the labeling background. (C)The surface area of LDs
increases over time. The organelle surface area was measured as described in
the Materials and Methods. (D)Density of gold label over the ER and LDs.
Labeling density was determined by linear density measurement.  All the
differences are statistically significant (P<0.05).
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possible monolayer surrounding the LD cannot unambiguously be
resolved even by conventional electron microscopy.

Because the ER in these electron micrographs only partially
follows the LD contour rather than encircling the core of the LD
completely, we wondered whether the LD-localized membrane
proteins would localize only at sites where the ER membrane
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contacts the LD or whether these proteins would homogenously
distribute over the entire spherical periphery of the LD. To this
end, cells expressing GFP–Dga1 from the galactose-inducible
promoter were cultured overnight in galactose-containing medium
to induce formation of large LDs. Confocal microscopy of GFP–
Dga1 and Erg6–RFP localization in cells with large LDs revealed

Fig. 6. Relocation of Dga1 to LDs is energy independent. (A)GFP–Dga1 moves from the ER to LDs in wild-type cells. Wild-type cells expressing GAL–GFP–
Dga1 and Erg6–RFP were shifted to galactose-containing medium for the times indicated and analyzed by confocal microscopy. The arrow indicates the ER
(circular), arrowheads indicate LDs (punctate). (B)Relocation of GFP–Dga1 from the ER to LDs is independent of continued synthesis of GFP–Dga1. Cells were
incubated for 4 hours in galactose-containing medium (GAL) to induce expression of GFP–Dga1 and then shifted to glucose-containing medium (GLU) to repress
expression of the marker protein. (C)Photobleaching reveals exchange of LD-localized GFP–Dga1. Cells were cultured in galactose-containing medium for 6–8
hours, individual LDs (circled) were photobleached at 0 seconds, and recovery of fluorescence was monitored over time. The perimeter of the cells is indicated by
oval lines. LDs that were photobleached are indicated by arrowheads and fluorescence recovery is shown 200 seconds after photobleaching. The time-dependent
recovery of fluorescence is shown in the graph (values are means ± s.d., n9 LDs). FRAP analysis of ER-localized GFP–Dga1 from cells induced for 4 hours is
shown for comparison. (D)Exchange of GFP–Dga1 on LDs is energy independent. GFP–Dga1 was induced, cells were treated with cycloheximide (CHX,
50g/ml), placed on ice (4°C), or treated with NaN3 and NaF (20 mM each) prior to photobleaching and recording of fluorescence recovery (values are means ±
s.d.; n9 LDs for each experiment). Scale bars: 5m.
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that GFP–Dga1 stained a circular structure that surrounded the
neutral lipid core, which was stained by Nile Red. GFP–Dga1 and
Erg6–RFP colocalized in these circular structures (Fig. 7B). These
data are thus consistent with the observed gold labeling at the
perimeter of LDs, seen by IEM, and indicate that LD-localized
membrane proteins are not concentrated at a distinct interface
between the ER and LDs, or at proposed sites of local bilayer
formation, but that they are homogenously distributed over the
entire periphery of the LD (Ploegh, 2007) (Fig. 4).

To examine whether these LD-localized proteins are free to
move within their peripheral location we performed fluorescence
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loss in photobleaching (FLIP) experiments. Therefore, half of an
LD stained by either Dga1–GFP or by Erg6–GFP was constantly
photobleached and loss of fluorescence in the non-photobleached
half of the LD was monitored. These experiments revealed that
fluorescence in the non-photobleached part of the LD decreased as
rapidly as the fluorescence in the photobleached half, indicating
that these membrane proteins rapidly equilibrated over the entire
surface of the LD and that they were not confined to a specific
region of the LD, such as the contact sites between the LDs and
the ER membrane (Fig. 7C). The observation that fluorescence
loss occurred with similar rates in all the LDs analyzed, indicates
that it is not due to rotation of the LD itself, which would be
expected to occur at random angles with respect to the bleaching
area and thus would also give rise to LDs that did not loose
fluorescence upon photobleaching if they constantly exposed the
site to the bleaching box.

LD-localized membrane proteins can move back into the ER
Given that integral membrane proteins can relocate from a
homogenous circular ER localization to a punctate localization on
LDs, one might expect that the mobilization of neutral lipids and
the concomitant regression of LDs would result in a reversal of
this process. To examine whether lipolysis induces the back
transport of LD-localized membrane proteins to the ER, we first
induced GFP–Dga1 expression using galactose-containing medium
and then shifted the cells to glucose-containing medium to repress
its expression. Lipolysis was then induced by the addition of the
fatty acid synthase inhibitor cerulenin. To simultaneously monitor
disappearance of LDs and the subcellular localization of GFP–
Dga1, cells were stained with Nile Red and analyzed by confocal
microscopy. These experiments revealed that GFP–Dga1 relocated
from LDs back to the ER when cells were grown in the presence
of cerulenin for 2–6 hours (Fig. 8A). In the absence of cerulenin,
however, GFP–Dga1 colocalized with punctate Nile-Red-stained
structures, indicating that the protein remained localized to LDs.
The back transport of GFP–Dga1 from LDs to the ER thus depends
on lipolysis induced by cerulenin. To monitor the extent of lipolysis
in the presence or absence of cerulenin, cells were labeled with
[3H]palmitic acid and TAG levels were determined. This analysis
revealed that repression of GFP–Dga1 expression by shifting the
cells to glucose-containing medium alone was not sufficient to
induce lipolysis, but that the presence of cerulenin resulted in an
approximately fivefold reduction of TAG levels over the 6 hours
timefi period (Fig. 8B). The results of these experiments thus
indicate that LD-localized membrane proteins can move from their
LD location back into the ER upon lipolysis of neutral lipids and
turnover of LDs.

To examine whether LD-localized membrane proteins could
move from LDs into the ER bilayer membrane even without
induction of lipolysis, we constantly photobleached the nuclear
membrane and monitored fluorescence loss over LDs marked by
GFP–Dga1. These experiments revealed the presence of two
classes of LDs, which lost fluorescence at different rates upon
photobleaching of the nuclear membrane. LDs in the vicinity of
the nuclear membrane (proximal LDs) exhibited constant loss of
fluorescence whereas LDs localized at the cell perimeter (distal
LDs) were less sensitive to the photobleaching of the nuclear ER
(Fig. 8C). The results of these FLIP experiments indicate that
perinuclear LDs rapidly exchange their membrane proteins with
the nuclear ER even under conditions of lipogenesis, suggesting
constant exchange of membrane proteins between the ER and

Fig. 7. Dga1 surrounds LDs and is free to move over the LD surface.
(A)The ER membrane closely associates with LDs. Wild-type cells were high-
pressure frozen and analyzed by EM. The ER membrane is indicated by
arrows. N, nucleus. Scale bars: 0.2m. (B)LD-localized membrane proteins
surround the neutral lipid core. Cells expressing GAL–GFP–Dga1 were
cultured in galactose-containing medium overnight to induce the formation of
large LDs, stained with Nile Red and analyzed by confocal microscopy. The
lower panels show colocalization of GFP–Dga1 with Erg6–RFP within a
circular structure (arrowheads). Scale bar: 5m. (C)LD-localized membrane
proteins are mobile over the LD surface. Cells expressing GFP-tagged Dga1 or
Erg6 were analyzed by confocal microscopy. Half of an LD was constantly
photobleached (black box) and time-dependent fluorescence loss in the other
half of the LD was monitored (open box). Time-dependent loss of fluorescence
in the photobleached and non-bleached part of the LD is plotted in the graphs
(values are means ± s.d.; n9). Scale bar: 5m.
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LDs. The observation that the distal LDs do not lose fluorescence
upon photobleaching of the nuclear ER could indicate that the
peripheral ER might not be connected to the perinuclear ER or
that the diffusion between the two ER domains is slow in
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comparison with the one seen between the nuclear membrane
and the proximal LDs.

To examine the energy and temperature dependence of the back
transport of Dga1 from the LDs to the ER membrane, cells were

Fig. 8. Dga1 moves from LDs back into
the ER membrane. (A)Lipolysis
induces movement of Dga1 from LDs
into the ER. Cells were cultured in
galactose-containing medium to induce
expression of GFP–Dga1 and shifted to
glucose-containing medium lacking or
containing the fatty acid synthase
inhibitor cerulenin (10g/ml) to induce
turnover of TAG. After the indicated
periods of time, LDs were stained with
Nile Red and cells were examined by
confocal microscopy. Arrows indicate
circular ER localization, arrowheads
indicate punctate LD localization. Scale
bar: 5m. (B)The progression of
lipolysis was monitored by labeling cells
with [3H]palmitic acid prior to their shift
into glucose-containing medium. Lipids
were separated by TLC and quantified by
radioscanning. (C)LD-localized
membrane proteins equilibrate with the
ER membrane. Expression of GFP–Dga1
was induced by galactose for 20 hours,
cells were analyzed by confocal
microscopy and a region of the nuclear
membrane was constantly photobleached.
Time-dependent loss of fluorescence was
monitored in LDs that were close to the
nuclear membrane (proximal LDs) or in
LDs that were located at the periphery of
the cells (distal LDs; values are means ±
s.d.; n9). To determine the energy and
temperature dependence of the back
transport, cells were treated with NaN3

and NaF (20 mM each), or placed on ice
(4°C), before photobleaching. Scale bar:
5m.
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treated with sodium azide and sodium fluoride or chilled on ice
before photobleaching of the nuclear ER. Under these conditions,
fluorescence of the perinuclear LDs decreased at rates that are
comparable with the loss of fluorescence observed in energy
proficient cells at 24°C, indicating that the transport of GFP–Dga1
from LDs back to the ER is also energy independent and not
inhibited by low temperature, as is the forward transport of Dga1
from the ER to LDs (Fig. 8C; Fig. 6D).

Discussion
The results presented in this study reveal that LDs can be induced
to form from the ER membrane and that such nascent LDs become
decorated by integral membrane proteins, which initially are
homogenously distributed throughout the ER membrane. Once
LDs have been formed, newly synthesized membrane proteins are
targeted from the ER to pre-existing LDs and uniformly label the
entire LD population. This transport of integral membrane proteins
from the ER to LDs does not depend on the COPI or COPII
vesicular transport machinery or on vesicle fusion and is
independent of temperature and energy. The transport is reversible
and results in ER localization of LD-localized membrane proteins
upon regression of LDs under lipolytic conditions. This study thus
defines a functional relationship between the ER membrane and
LDs that allows the bidirectional exchange of integral membrane
proteins. The temperature and energy independence of the transport
is consistent with a reversible, diffusion-based partitioning of
membrane proteins between the ER and LDs, suggesting that the
ER membrane is temporally or permanently in continuity with the
surface of LDs.

The reversible relocation of membrane proteins between the ER
and LDs is not a unique feature of the yeast diacylglycerol
acyltransferase and of Erg6, as shown in this study, but is likely to
reflect a more general and conserved mechanism to partition
membrane proteins between the ER and LDs. The mammalian
ortholog of Dga1, DGAT2, for example, relocates from the ER to
LDs when cells are treated with fatty acids, indicating that this
dual localization of the enzyme is evolutionarily conserved and
possibly of functional significance (Kuerschner et al., 2008; Stone
et al., 2009). In addition to Dga1/DGAT2, a number of other
proteins in both yeast and mammalian cells are dually located in
both the ER and on LDs (Goodman, 2009; Leber et al., 1998;
Ostermeyer et al., 2001; Zehmer et al., 2009).

How soluble or membrane-anchored proteins are targeted to and
retained on LDs is not well understood. LD targeting of both
classes of proteins, however, appears to be conserved across species
(Hanisch et al., 2006; Kurat et al., 2006; Ting et al., 1997; Zehmer
et al., 2008). The mammalian perilipin family members, major
soluble LD proteins with conserved structural and functional roles,
for example, are probably targeted to the LD surface after they are
translated on free ribosomes (Brasaemle et al., 1997). Some of
these LD components such as perilipin 1 appear to permanently
stay on the LDs but are free to move on the droplet surface,
whereas others (i.e. perilipin 2/ADRP and perilipin 5/LSDP5) can
freely exchange with a cytosolic pool, as revealed by FRAP analysis
(Wang et al., 2009).

By contrast, integral membrane proteins that localize to LDs are
first integrated into the ER membrane by translocon-mediated
membrane insertion (Beaudoin et al., 2000). How these proteins
then relocate from the ER membrane to the surface of LDs, is not
well characterized. Many studies that have examined LD targeting
of these proteins have concentrated on the identification of the cis-
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acting sequences that harbor the targeting information rather than
on the general mechanism of the targeting pathway. However,
analysis of the dynamics of the location of LD-localized membrane
proteins, such as caveolin-3, ALDI (associated lipid droplet protein
1), and adipocyte triglyceride lipase (ATGL) in mammalian cells
by FRAP revealed they all recover from photobleaching to more
than half of the original intensity within 1 hour or less (Pol et al.,
2005; Turro et al., 2006; Soni et al., 2009). These data support the
notion that membrane proteins dynamically exchange their LD
association even though recovery of caveolin-3, ALDI and ATGL
is much slower in these systems than we observe with Dga1.

LD targeting of membrane proteins in animal cells is probably
best characterized for AAM-B, a putative methyltransferase. AAM-
B is first localized to the ER membrane, from where it moves to
LDs upon induction of LD formation by oleate supplementation
(Zehmer et al., 2008; Zehmer et al., 2009). ER to LD targeting of
AAM-B is independent of protein synthesis and not mediated by
COPII vesicles, because it is not sensitive to inhibition of Sar1, a
small GTPase required for assembly of the COPII vesicular coat
(Zehmer et al., 2009). These studies therefore suggested that integral
membrane proteins reach LDs by lateral movement from the ER
membrane either through a permanent ‘stalk’ type of connection or
by transient interactions between the two compartments (Zehmer
et al., 2009). Moreover, as observed in the present study with
Dga1, AAM-B moves back from LDs into the ER upon induction
of lipolysis, indicating that the transport process of integral
membrane proteins between the ER and LDs is reversible in both
mammalian cells and yeast (Zehmer et al., 2009). Therefore, our
results support the conclusions of Zehmer et al., that integral
membrane proteins reach LDs by lateral movement from the ER
membrane, and extend these findings by showing that transfer
from the ER to LDs, as well as the back transport from LDs into
the ER membrane, are temperature and energy independent
(Zehmer et al., 2009).

Our observations that relocation of Dga1 and Erg6 from the ER
to LDs is not significantly delayed in mutants that conditionally
block vesicular transport between the ER and Golgi apparatus, by
fusion of vesicles with the target membrane, at low temperature,
or in energy-depleted cells, all strongly argue against the
involvement of a known vesicular transport mechanism in ER to
LD targeting of membrane proteins. Defects in vesicular transport,
however, affect neutral lipid homeostasis and hence LD formation
in both yeast and mice, suggesting that altered localization of some
LD components under conditions that impair membrane flow along
the secretory pathway might be due to altered LD morphology or
to changes in the composition of the limiting membrane (Soni et
al., 2009; Beller et al., 2008; Guo et al., 2008; Gaspar et al., 2008;
Hommel et al., 2010). By contrast, in vitro studies indicate that
membrane proteins might reach LDs through the formation of a
novel type of vesicles that is distinct from the ER-derived COPII
vesicles (Takeda and Nakano, 2008). Because transport of Dga1 to
LDs is independent of protein synthesis, LD targeting of Dga1 can
also not be explained by a direct insertion of nascent proteins into
the limiting membranes of LDs, as might occur if translocons were
localized and functional at the periphery of LDs.

Consistent with a model in which LDs are interconnected with
the ER membrane, we find that the transcriptional induction of LD
marker proteins, such as Erg6, Tgl1 or Yeh1, results in a uniform
labeling of all pre-existing LDs within the cell (supplementary
material Fig. S9). Under the conditions analyzed in this study, LDs
do not show the properties expected of an independent cytosolic
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organelle, i.e. labeling of nascent/ER-associated LDs only, but no
labeling of cytosolic LDs upon expression of an LD-localized
marker protein. The LDs analyzed here appear to stay connected
to the ER membrane and appear not to detach from it, as is
proposed by the current biogenetic model (Fujimoto et al., 2008;
Murphy and Vance, 1999; Ploegh, 2007).

A close association between the ER membrane and LDs has been
observed in a number of different cell types (reviewed by Fujimoto
et al., 2008; Goodman, 2009). Live-cell microscopy, for example,
revealed close association of LDs with the ER and concurrent
movement of both the ER and attached LDs (Targett-Adams et al.,
2003). LDs appear to form on ER domains enriched in perilipin
2/ADRP, their apposition with the ER membrane is regulated by the
Rab GTPase Rab18 and structurally connected to lipoprotein
assembly within the ER lumen (Ohsaki et al., 2008; Ozeki et al.,
2005; Robenek et al., 2006). Morphological studies of adipocytes
using freeze-fracture electron microscopy revealed that the ER
membrane is continuous with the surface layer of LDs (Blanchette-
Mackie et al., 1995). Other freeze-fracture studies, however, indicate
that LDs are only peripherally associated with the ER membrane
(Robenek et al., 2006). Thus, the precise nature and structure of the
association between the ER membrane and LDs still need to be
defined. In yeast, the majority of the LDs (92–97%) colocalize with
an ER marker protein and thus remain closely associated with the
ER (Szymanski et al., 2007) (supplementary material Fig. S10). An
ER integral membrane protein, Fld1/seipin is localized to the ER–
LD junction and seipin mutant cells show aberrantly small and
clustered LDs (Fei et al., 2008; Szymanski et al., 2007). Analysis of
LD targeting of Dga1 in seipin mutant cells, however, revealed that
Dga1 could still move on these aberrant LDs, indicating that seipin
is not required to mediate the transfer of integral membrane proteins
between the ER and LDs (supplementary material Fig. S11).

The presence of a transient or possibly permanent membrane
connection between the ER and LDs, as indicated by the results of
this study, could not only explain the partitioning of membrane
proteins between the two compartments, but it could also account
for the exchange of lipids between the ER and LDs. Bidirectional
transport of lipids between the ER and LDs must occur under
lipogenic conditions, when LDs form and grow, and during lipolysis,
when LDs regress. During lipogenesis neutral lipids are synthesized
by enzymes with homogenous ER localization, such as Lro1, Are1
and Are2, and by the dually located Dga1 (Oelkers et al., 2002;
Sorger and Daum, 2002; Zweytick et al., 2000). To support LD
growth, the neutral lipids generated by these ER-localized enzymes
need either to be transported to LDs or generated locally by LD-
localized Dga1/DGAT2 (Cheng et al., 2009; Kuerschner et al., 2008;
Sorger and Daum, 2002). Because membranes can adsorb neutral
lipids to up to 4 mol%, transport of neutral lipids from their site of
synthesis to the storage compartment could take place through a
membrane that connects the ER to LDs (Hamilton et al., 1983). Thus
the ER membrane might not only act as a source of neutral lipids
but might itself also provide the transport route for these lipids to
reach LDs. This concept is supported by the observation that
photobleaching of LDs loaded with a fluorescent cholesterol
analogue, BODIPY-cholesterol, results in very rapid recovery of
fluorescence (≤ 1 minute) after bleaching, presumably through an
ER-mediated supply of cholesterol to the LDs (Jansen et al., 2011).
At LDs, neutral lipids might be removed from the connecting
membrane by partitioning into the hydrophobic core of the droplet,
which would shift the equilibrium towards LD growth (Cheng et al.,
2009; Kuerschner et al., 2008).
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Membrane continuity between ER and LDs could also account
for the reverse process, i.e. the back transport of lipids from LDs
to the ER during lipolysis. Under these conditions, LD-localized
lipases hydrolyze TAG and steryl esters to liberate free fatty acids,
diacylglycerol and free sterols. These lipid intermediates are water
insoluble but could be released from LDs into the connecting ER
membrane and thus enter the pool of lipids that are synthesized de
novo by the ER-localized lipid biosynthetic enzymes.

If membrane proteins are free to partition between the ER and
LDs by lateral diffusion as suggested by the results shown here,
one might wonder what determines the relative abundance of a
given protein in the ER relative to that on LDs. The observation
that some LD-localized membrane proteins, such as Erg6, were
concentrated on LDs while they were forming in the ER, whereas
others, such as Dga1, remained in the ER and moved to LDs only
after some time, further indicates that proteins differ in their
residence time in the ER. Partitioning of membrane proteins
between the ER and LDs might depend on signals that are present
on LDs, such as specific proteins or differences in the lipid
composition of the membrane that is in close proximity to these
neutral lipid depots. Differences in affinities for these signals could
explain why Dga1 moved to LDs only after Erg6 was already
present on these structures. This notion is supported by the
observation that the perilipin family protein 3/Tip47 is targeted 
to diacylglycerol-rich membranes (Skinner et al., 2009).
Diacylglycerol is the immediate biochemical precursor for the
TAG contained within LDs, and is also present in isolated LDs
(Kuerschner et al., 2008). Thus lipid-mediated sorting of proteins
to LDs or TAG-rich ER membrane domains seems a relevant
hypothesis to test.

LDs are generally thought to be enclosed by an unusual lipid
monolayer rather than a bilayer membrane as found on other
organelles (Murphy and Vance, 1999; Tauchi-Sato et al., 2002).
The integral membrane proteins whose targeting was analyzed in
this study, i.e. Dga1, Tgl1 and Yeh1, however, all have predicted
transmembrane domains that are long enough to span a normal
membrane bilayer. However, there are other integral membrane
proteins that localize to LDs that contain a hairpin-type of
membrane anchor, as present in the plant oleosins and in caveolin
(Abell et al., 2004; Ingelmo-Torres et al., 2009). The fact that Dga1
is enzymatically active in both microsomes and isolated LDs,
indicates that the localization and membrane environment of the
enzyme does not grossly affect its activity and hence most likely
also preserves the structure of the protein (Oelkers et al., 2002;
Sorger and Daum, 2002). The membrane topology of Dga1 and
that of its mammalian and plant ortholog DGAT2 indicates that
both N- and C-terminal ends are located in the cytosol and that the
protein spans the membrane twice, in a hairpin-type of topology
(Shockey et al., 2006; Stone et al., 2006) (supplementary material
Fig. S4). It is conceivable that this particular topology of Dga1 and
of other LD-localized membrane proteins is compatible with their
native insertion into a bilayer as well as a monolayer membrane.

The question of how these membrane proteins move from the
normal bilayer membrane of the ER onto a possible lipid
monolayer that is thought to limit the surface of LDs can only be
speculated on at this time. Our observations, however, that this
transport occurs fast, is energy and temperature independent,
subject to temporal control and can occur in both directions, are
all consistent with the proposal that the ER membrane is
continuous with the surface of the LD (Fig. 9). Transient or
permanent continuity between the ER membrane and the LD
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surface has been proposed to account for the bidirectional
transport of AAM-B between the ER and LDs (Zehmer et al.,
2009). The observation that transcriptional induction of LD-
localized membrane proteins results in uniform labeling of all
LDs, indicates that the association of LDs with the ER is either
permanent or that it occurs frequently enough to result in an
uniform transfer of proteins between the surface of the two
compartments. Membrane continuity through a stalk-like
connection could account for the lateral partitioning of membrane
proteins with a hairpin-type topology between the ER bilayer and
an LD monolayer, as proposed by Zehmer et al. (Zehmer et al.,
2009). How proteins that have an ER lumenal domain, such as
Tgl1, could cross the interface between the two compartments is
less clear (Koffel et al., 2005) (supplementary material Fig. S2,
Fig. S9B). In the stalk model, transfer of Tgl1 from the ER
bilayer onto an LD monolayer would require that the ER lumenal
domain of the protein crosses the inner leaflet of the ER
membrane, a process that is unlikely to occur spontaneously (Fig.
9B, red arrow). These topological problems could be resolved if
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LDs were formed in the ER membrane and then bud into the ER
lumenal compartment rather than into the cytosol. In such a
model, the ER lumenally localized LD would be surrounded by
the ER bilayer membrane and the close apposition of LDs with
the ER membrane could define a lateral domain of the ER within
which LD-localized membrane proteins could concentrate,
irrespective of their topology, by simple lateral segregation. This
model predicts that, in vivo, LDs are enclosed by a bilayer
membrane that is continuous with the ER. Although this is not in
agreement with many morphological studies by electron
microscopy, mostly of chemically fixed cells, which did not
resolve a bilayer membrane at the periphery of LDs, the negative
evidence provided by these investigations might need to be re-
evaluated using novel complementary and functional approaches
(Murphy, 2001). LDs have a very unusual chemical composition
with a high concentration of neutral lipids not only in the LD
itself but possibly also in the adjacent ER domain. This might
render the structure particularly sensitive to the fixation and the
contrast-producing methods routinely used for electron
microscopy, making it difficult to ensure preservation of the
native structure and to resolve the nature of the membrane
connecting to or possibly enclosing the structure (DiDonato and
Brasaemle, 2003; Belazi et al., 2009).

Materials and Methods
Yeast strains and growth conditions
Yeast strains and their genotypes are listed in supplementary material Table S1.
Strains were cultured in YP-rich medium [1% Bacto yeast extract, 2% Bacto peptone
(USBiological, Swampscott, MA)] or minimal medium [0.67% yeast nitrogen base
without amino acids (USBiological), 0.73 g/l amino acids)], containing either 2%
glucose, galactose or raffinose. Double- and triple-mutant strains were generated by
crossing of single mutants and by gene disruption, using PCR deletion cassettes and
a marker rescue strategy (Gueldener et al., 2002; Longtine et al., 1998).

GFP-tagging, subcellular fractionation and western blot analysis
Promoter replacement, GFP- and epitope-tagging were performed by homologous
recombination using PCR fusion cassettes, and correct integration of the fusion
cassette was confirmed by colony PCR (Longtine et al., 1998).

Protein concentrations were determined using the Folin reagent and BSA as
standard. Proteins were precipitated with 10% trichloroacetic acid (TCA), resuspended
in sample buffer and separated by SDS-polyacrylamide gel electrophoresis. Western
blots were probed with rabbit antisera against GFP (1:5000; Torrey Pines Biolabs,
Inc., Huston, TX), Kar2 (1:5000; M. Rose, Princeton University), Wbp1 (1:1000, M.
Aebi, Eidgenössische Technische Hochschule University, Zurich, Switzerland), Ayr1
(1:5000; G. Daum, Graz University of Technology, Austria) or mouse anti-myc
antibody (1:500; Zymed Laboratories Inc., South San Francisco, CA).

Differential fractionation, determination of membrane association, topology and
glycosylation of epitope-tagged Dga1 were performed as previously described
(Koffel et al., 2005). Pulse–chase analysis to monitor maturation of carboxypeptidase
Y was performed as described previously (Munn et al., 1999).

Lipid labeling
TAG synthesis upon induction of Lro1 and Dga1 was analyzed by labeling the
neutral lipid pool with [3H]palmitic acid. GAL-LRO1 and GAL-DGA1 strains were
cultured in YP–raffinose medium, diluted and resuspended in YPD or YP–galactose
media and grown in the presence of 10 Ci/ml [9,10-3H]palmitic acid (10 mCi/ml;
American Radiolabeled Chemicals, Inc., St Louis, MO). Cells were collected, lipids
were extracted with chloroform–methanol (1:1; vol./vol.), and equal aliquots were
brought to dryness. Lipids were separated by thin-layer chromatography (TLC) on
silica gel 60 plates (Merck, Darmstadt, Germany), developed in petroleum ether–
diethylether–acetic acid (70:30:2; per vol.), and quantified by scanning with a
Berthold Tracemaster 20 Automatic TLC-Linear Analyzer (Berthold Technologies,
Bad Wildbach, Germany). TLC plates were then exposed to a tritium-sensitive
screen and visualized using a phosphorimager (Bio-Rad Laboratories, Hercules,
CA).

TAG mobilization was monitored in cells that were labeled with 10 Ci/ml
[3H]palmitic acid in galactose-containing medium, overnight, and then diluted into
fresh glucose-containing medium supplemented with cerulenin (10 g/ml).

Isolation of LDs
LDs were isolated by three consecutive flotations essentially as described previously
(Leber et al., 1994). Briefly, spheroplasts were resuspended in lysis buffer (12%

Fig. 9. Possible association between the ER membrane and LDs to
facilitate the bidirectional exchange of integral membrane proteins
between the two compartments. (A)Models for the transient or permanent
association between the ER membrane and LDs. Depicted are cytosolic LDs,
which transiently interact with the surface of the ER membrane, an ER
membrane holding an LD as proposed in the egg-cup model by Robenek et al.,
an extended membrane stalk enclosing the LD as proposed by Zehmer et al., a
modified stalk model to account for the high degree of colocalization of LDs
with the ER membrane in yeast, and a model in which LDs would be located
in the ER lumen and enclosed by the ER bilayer membrane (Robenek et al.,
2006; Zehmer et al., 2009). (B)Translocation of integral membrane proteins
between the ER and LDs. A diffusion-based transfer of membrane proteins
with a hairpin-type of topology is depicted in blue. By contrast the integral
membrane protein in red, which has an ER-lumenal domain, needs to transfer
its lumenal domain across a membrane monolayer in the stalk-model (red
arrow). If LDs were located in the ER lumen, however, all classes of integral
membrane proteins could reversibly partition between a homogenous ER
distribution and a punctate LD localization. Thin lines represent a lipid
monolayer, whereas thick lines represent a bilayer membrane.
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Ficoll PM 400, 10 mM MES–Tris, pH 6.9, 0.2 mM EDTA) and the lysate was
cleared by centrifugation at 5000 g for 5 minutes. This homogenate (H) was placed
at the bottom of an ultracentrifuge tube, overlaid with lysis buffer and subjected to
flotation by centrifugation at 100,000 g for 1 hour. The floating fraction (F1) was
collected, diluted with lysis buffer and placed at the bottom of a second ultracentrifuge
tube. The sample was overlaid with 8% Ficoll in 10 mM MES–Tris, pH 6.9, 0.2 mM
EDTA and centrifuged again at 100,000 g for 1 hour. The second floating fraction
(F2) was collected, diluted with 0.6 M sorbitol in 8% Ficoll, 10 mM MES–Tris, pH
6.9, 0.2 mM EDTA. The sample was then placed at the bottom of a third
ultracentrifuge tube overlaid with 0.25 M sorbitol in MES–Tris, pH 6.9, 0.2 mM
EDTA and again subjected to flotation by centrifugation at 100,000 g for 1 hour. The
film floating on this third gradient (F3) is the LD-containing fraction.

Confocal microscopy
LDs were stained with BODIPY 493/503 (1 g/ml; Invitrogen, Carlsbad, CA) for
30 minutes at room temperature and cells were washed twice with PBS containing
50 M fatty-acid-free BSA and once with PBS. Cells were stained with Nile Red
(10 g/ml; Sigma-Aldrich, St Louis, MO) for 1 minute at 24°C and washed twice
with PBS. For staining with FM4-64, early logarithmic cells were concentrated to
10 OD units of cells/ml and incubated with 32 M FM4-64 (Invitrogen) for 30
minutes on ice. Cells were then poisoned and incubated at room temperature for 30
minutes or kept on ice. Cycloheximide was used at 50 g/ml, NaN3 and NaF at 20
mM each.

Fluorescence microscopy was used to detect GFP- and RFP-tagged proteins in
living cells using a Leica TCS SP5 confocal microscope with LAS AF software. All
images were recorded with a 63�/1.20 HCX PL APO objective at a zoom of 6.
Results from double labeling experiments were recorded with the following settings.
For sequential recording of GFP and Nile Red fluorescence, GFP was exited at 476
nm and emission was recorded from 490–517 nm; Nile Red was excited at 561 nm
and emission was recorded from 580–660 nm. For recording of GFP and RFP
fluorescence, GFP was excited at 476 nm and recorded from 490–560 nm; RFP was
excited at 561 nm and emission was recorded from 580–660 nm. Photobleaching
experiments were performed using the FRAP wizard in LAS AF with activated
FlyMode to measure fluorescence during bleaching. Bleaching time was 12 seconds
for FRAP experiments and images were recorded every 20 seconds during recovery.
Quantification of the FRAP and FLIP results was performed as described previously
(Ellenberg et al., 1997; Lippincott-Schwartz et al., 2001).

Electron microscopy
For IEM, cells were grown in raffinose-containing medium, shifted to galactose-
containing medium, and further incubated at 24°C. Aliquots were collected after 0,
4, 8 and 24 hours before being chemically fixed, embedded in 12% gelatin and
cryosectioned as described previously (Griffith et al., 2008). Sections were then
immunogold-labeled using a rabbit anti-GFP antiserum (Abcam, Cambridge, UK)
and 10 nm protein A–gold before being viewed in a JEOL 1010 electron microscope
(JEOL, Tokyo, Japan).

For the statistical evaluations, the number of lipid droplets per cell section was
determined by counting 100 randomly selected cell profiles for each time point. The
relative distribution of the gold particles at each time point was calculated by
classifying 550 of them, on the basis of their localization to the ER, LDs and
mitochondria. A gold particle was assigned to a compartment when it was situated
within 25 nm of the limiting membrane. The linear labeling density and the average
organelle surface were established using the point hit method as described previously
(Kondylis and Rabouille, 2003; Rabouille, 1999). Standard deviations were used to
perform a t-test, confirming the statistical significance of the data (P<0.05).

For morphological analyses of cryofixed cells, cells were centrifuged and
transferred into membrane platelets and frozen by high-pressure freezing (Leica
EMPACT2, Leica-Microsystems, Vienna, Austria) (Studer et al., 2001). The frozen
specimens were freeze-substituted in acetone containing 2% osmium tetroxide, 0.1%
uranyl acetate and 3% water (AFS; Leica-Microsystems) (Walther and Ziegler,
2002) and embedded in Epon Araldite. Samples were substituted at –90°C, for 27
hours, at –60°C for 8 hours and at –30°C for another 8 hours. They were then
warmed to 4°C, washed three times for 10 minutes in 100% acetone and embedded
in Epon 812 (30%, 70%, 100%). Blocks were polymerized at 60°C for 5 days.
Semithin and ultrathin sections were collected on 200 mesh grids, post stained with
uranyl acetate and lead citrate, and visualized with a Philips CM-100 electron
microscope, operating at 80 kV. Images were recorded on a side-mounted digital
camera (Morada Soft Imaging System, Olympus) and processed with iTEM software.
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